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Abstract
The complex, hierarchical and heterogeneous biomechanics of the extracellular matrix (ECM) are central
to the health of multicellular organisms. Characterising the distribution, dynamics and above all else ori-
gins of ECM biomechanics are challenges that have captivated researchers for decades. Recently, a suite
of biophotonics techniques have emerged as powerful new tools to investigate ECM biomechanics. In this
mini-review, we discuss how the non-destructive, sub-micron resolution imaging capabilities of Raman
spectroscopy and nonlinear microscopy are being used to interrogate the biomechanics of thick, living tis-
sues. These high speed, label-free techniques are implemented during mechanical testing, providing
unprecedented insight into the compositional and structural response of the ECM to changes in the
mechanical environment.
 2021 The Author(s). Published by Elsevier B.V. This is an open access article under the CCBY-NC-ND license (http://crea-
tivecommons.org/licenses/by-nc-nd/4.0/).Introduction
The extracellular matrix (ECM) is a complex, 3D
network of fibrous proteins immersed in a
proteoglycan rich fluid that fills the spaces
between cells. The biomechanical properties of
the ECM play a critical role in the development
and maintenance of organ tissues. In addition to
providing a structural scaffold to support cell
adhesion and migration, the ECM provides
chemical and mechanical cues that influence cell
behaviour [1]. Much of our current understanding
of ECM biomechanics derives from mechanical
testing of macroscopic samples followed by wet bio-
chemical analysis and light or electron microscopy
to provide structural information. Whilst significant
progress continues to be made using these tools,
there are at least two important areas related to
the complexity of the ECM that challenges their abil-
ity to provide new insight. First, it is clear that tissues
are so heterogeneous that structure-function rela-
tionships must be investigated on a microscopic(s). Published by Elsevier B.V.This is an open acscale, and second, understanding the dynamic
mechanical interactions between cells and matrix
is central to understanding tissue physiology and
pathology. The aim of this mini-review is to highlight
how rapidly evolving optical imaging and spectro-
scopic techniques are being used to make mea-
surements of ECM biomechanics that address the
challenges of both areas.
We have chosen to focus this mini-review on two
complementary methodologies, Raman
spectroscopy and nonlinear microscopy, that
characterise the chemical composition and
structure of the ECM. Both techniques are
compatible with deployment during mechanical
testing of fresh tissue samples, allowing real-time
monitoring of the load-induced microscopic tissue
response. In concentrating on the ECM, we shall
not specifically address cellular biomechanics, nor
the burgeoning field of mechanotransduction on
which topics several high-quality reviews have
recently been published [2–5]. Space also
precludes consideration of other highly promisingcess article under theCCBY-NC-ND license (http://creativecommons.org/
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tography [6], and Brillouin microscopy [7]. Finally,
we also neglect the significant contribution
of  ray diffraction which, using synchrotron
sources is beginning to provide information on tis-
sue mechanics at the molecular level [8].
Following a brief technical overview of Raman
spectroscopy and nonlinear optical microscopy,
we shall focus firstly on the application of these
techniques to study the influence of ECM
biochemistry on its mechanical properties, and
secondly on the relationship between macroscale
biomechanics and ECM microstructure.
Technical background
Raman spectroscopy
Molecules possess a discrete spectrum of
vibrational modes that are determined by the type,
strength and distribution of bonds within the
molecule. A measurement of this vibrational
spectrum can be used to identify the molecule and
furthermore, to infer its abundance, organisation
or local mechanical environment [9]. When light is
scattered by a biological sample, a small but mea-
surable number of photons are frequency shifted
by their interaction with the vibrational modes of
the sample [10]. By recording this frequency shift,
Raman spectroscopy provides an indirect measure-
ment of the spectrum of molecular vibrational
modes in a local region of the sample [11]. The com-
positional data reported by Raman spectroscopy
has been used to study a variety of key tissue com-
ponents including glycosaminoglycans (GAGs)
[12], lipids [13], hydroxyapatite [14], DNA [15], elas-
tin [16] and the conformational state of collagen
[17]. Raman spectrometers can be readily inte-
grated with confocal or laser scanning microscopes
[18]. In this configuration, Raman spectra can be
acquired from a region of the sample, allowing the
construction of a depth-resolved hyperspectral
image that illustrates the spatial distribution of the
sample composition. The left hand panel of Fig. 1
is a diagram of a generic Raman spectroscopy
setup. Although many variants of this configuration
have been developed over the years, the setup in
Fig. 1. depicts the core elements of a Raman spec-
trometer, namely: A continuous wave laser that illu-
minates the sample; optical elements such as filters
and dichroic beamsplitters to separate the Raman
scattered photons from scattered and reflected light
at the incident frequency; and a spectrometer to dis-
perse the Raman signal into its spectral compo-
nents and detect them separately (done using a
diffraction grating and linear CCD detector in the
figure).
A significant drawback of Raman spectroscopy is
the speed of data acquisition. Raman scattering is a
weak process that requires long acquisition times to
capture spectra with sufficient signal to noise to be
useful [19,20]. Coherent Raman Scattering (CRS)2
microscopy is a suite of rapidly evolving techniques
that probe the Raman spectra of samples, but afford
several orders of magnitude improvement in data
acquisition rates over conventional Raman spec-
troscopy [21,22]. Although there are trade-offs to
be made between the acquisition time and resolu-
tion of the acquired spectra, as long ago as 2005,
CRS has been able to perform video rate biochem-
ical imaging [23]. All CRS techniques employ two
laser beams, emitting ultrashort (<11011 s)
pulses of light that are focussed onto the same
region of the sample. The optical frequency differ-
ence between the lasers is tuned to equal a single
Raman active mode of a molecular species of inter-
est. This leads to the coherent excitation of this
Raman mode and the generation of an optical sig-
nal with sufficient strength to be used for imaging.
Two CRS techniques commonly used for biological
imaging are coherent anti-Stokes Raman scattering
(CARS) [24] and stimulated Raman scattering
(SRS) [25]. Early realisations of these techniques
were limited to probing a single Raman band per
image. However, recent developments in rapid
wavelength scanning have enabled the high-
speed acquisition of hyperspectral images that
combine sub-micron resolution, with a broad spec-
tral range e.g. 200–1500 cm1 [26,27].
Nonlinear microscopy
Nonlinear microscopy is the name given to the
collection of techniques that excite and detect light
generated via the nonlinear optical response of
the sample [28]. The etymology here derives from
the nonlinear relationship between the intensities
of the illumination and detected signal. In conven-
tional light microscopy, this relationship is approxi-
mately linear (i.e. doubling the illumination
intensity doubles the brightness of the image). How-
ever, in e.g. second harmonic generation (SHG),
one of the most widely used form of nonlinear
microscopy, the intensity of the detection varies with
the square of the illumination intensity [29]. Nonlin-
ear optical processes require the near simultaneous
arrival of two or more photons to the same location
within the sample in order to be excited [30]. Thus,
in nonlinear microscopy, samples are illuminated
with ultrafast pulsed laser systems, where the tight
packing of incident light into time intervals that typi-
cally range between 10 picoseconds down to 10 fs,
significantly increases the chances of simultaneous
photon arrival events. To further increase the effi-
ciency of nonlinear microscopy, all the incident light
is focussed down into a volume, the dimensions of
which are typically only a few hundred nanometres
in any direction. This high spatial concentration of
laser light results in the vast majority of the nonlin-
ear microscopy signal originating from this focal vol-
ume [31]. As a result, nonlinear microscopy
possesses an intrinsic depth-sectioning capability,
that is similar to a confocal microscope, but doesn’t
require a pinhole in the emission pathway. More-
Fig. 1. (Left) Schematic diagram of a Raman spectrometer. CWL: Continuous wave laser; DBS: Dichroic
beamsplitter; DET: CCD detector; DG: Diffraction grating; F: Filter; O: Objective; S: Sample. (Right) Schematic
diagram of a nonlinear microscope. DBS1 & DBS2: Dichroic beamsplitters; F1 & F2: Filters; O: Objective; PMT1 &
PMT2: Photomultiplier tubes; S: Sample; SU: Scanning unit; UFL: Ultrafast laser.
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allows nonlinear microscopy to image deeper below
the sample surface, and potentially cause less pho-
todamage to the sample than the visible light used
in conventional fluorescence microscopy [32,33].
Nonlinear microscopy is widely used to image the
distribution of exogenous probes in biological
samples [34,35]. However, it is equally adept at
acquiring images using only endogenous contrast,
and it is this latter category that we focus on during
this mini-review. On a molecular scale, the non–
centrosymmetric and highly crystalline nature of fib-
rillar collagen make them a strong emitter of SHG
light [36]. Indeed SHGmicroscopy has now become
the gold standard for imaging the microstructure of
unstained collagen [37]. In addition to collagen,
microtubules [38], myosin [39] and amylopectin
[40] are all routinely imaged using SHG. Two-
photon excited fluorescence (TPEF) is closely
related to, and often acquired in parallel with SHG
[41]. In TPEF, the near simultaneous absorption of
two coincident photons induces a transition to
higher molecular energy state. The subsequent
decay to the molecular ground state is mediated
by the emission of a photon. In the ECM, elastin
fibres [42] and collagen crosslinks [43] are the pri-
mary sources of endogenous TPEF contrast. The
CRS techniques discussed in the previous section
are also types of nonlinear microscopy. The right
hand panel of Fig. 1 is a schematic diagram of a3
laser scanning nonlinear microscope setup. The
instrument depicted is configured for excitation
and detection of TPEF and SHG. Additional compo-
nents and a more complex beam path are required
for acquiring CRS images. However, the setup in
Fig. 1 shows many of the elements that are com-
mon to all nonlinear microscopes, such as: An ultra-
fast laser used for illumination; a scanning unit, the
action of which cause the focal spot of the objective
lens to be scanned across the sample plane, a
dichroic beamsplitter to separate incident from emit-
ted light, and one or more highly sensitive detectors
often responsible for detecting different spectral
regions of the sample emission. Examples of non-
linear microscopy images, acquired using SHG,
TPEF and SRS from fresh, unlabelled tissue sec-
tions are shown in Fig. 2.Polarisation sensitivity
The signal generated in both Raman
spectroscopy and nonlinear microscopy is
sensitive to the relative alignment of the
polarisation axis of the incident light, and the
overall orientation of the molecular ensemble
being imaged [44]. For example, in polarisation sen-
sitive SHGmicroscopy, the intensity of the SHG sig-
nal can drop to almost zero when the light
polarisation is rotated perpendicular to the direction
of a well organised, uniaxial distribution of collagen
Fig. 2. Nonlinear microscopy images acquired from fresh, thick, unstained tissue samples. A) Bovine articular
cartilage imaged using the second harmonic generation (SHG) from fibrillar type II collagen (green) and cellular two-
photon excited fluorescence (TPEF) (red) B) Image of the dermal layer of human skin, consisting of collagen SHG
(green) and elastin TPEF (red). C) Boundary between calcified cartilage and subchondral bone in the equine
metacarpophalangeal joint. Here the image depicts the collagen SHG (green) and the stimulated Raman scattering
phosphate peak (blue), indicating the presence of mineral. (For interpretation of the references to colour in this figure
legend, the reader is referred to the web version of this article.)
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tion dependence can probe the organisation of tis-
sue on lengths scales far smaller than the optical
resolution limit. This can be understood by consid-
ering the organisation of collagen fibrils at each
pixel in the SHG image. Where the tissue is well
organised, with the majority of collagen fibrils
aligned along the same direction, the intensity of
the SHG signal will be strongly modulated by rotat-
ing the optical polarisation axis. However, for the
pixels that correspond to regions of low organisa-
tion, where no dominant fibril orientation exists,
rotating the polarisation axis of the incident light will
have little or no impact on the SHG intensity. The
reason for this is that no matter the orientation of
polarisation, there will always be approximately
the same number of fibrils that are aligned with this
direction that will emit an SHG signal. Thus, even
though the nanometre scale organisation of col-
lagenous tissues is below the optical resolution limit
and so not directly visible in the SHG image, polar-
isation sensitive SHG can be used to record a mea-
sure of tissue structure at this length scale. Thus,
polarisation sensitive techniques simultaneously
image structure and composition at the microscopic
scale, and report a measure of organisation at the
molecular scale.
The approaches covered in this mini-review fall
into two categories: Correlative and mechanistic.
In the correlative studies e.g. [46–50], parameters4
extracted from optical images are calibrated against
conventional measurements of sample biomechan-
ics. Once this analysis is complete, optical tech-
niques can serve as a fast, non-destructive
proxies for the conventional measurements of tis-
sue biomechanics. Correlative studies are often
motivated by the need for longitudinal monitoring
of changes in tissue composition, structure, and
function. This is particularly important in fields such
as tissue engineering, where the maturation proto-
col can be adapted to optimise mechanical proper-
ties, and samples can be measured against
biomechanical “release criteria” prior to implanta-
tion. Mechanistic studies use parameters extracted
from optical images to explain the origins of macro-
scopic tissue biomechanics e.g. [51–55]. In these
experiments, optical measurements of structural
and/or compositional adaptions of tissue in
response to changes to the local mechanical envi-
ronment are combined within a theoretical frame-
work to develop structural models of tissue
mechanics.The relationship between ECM
biomechanics and biochemistry
Much of our current understanding of ECM
biomechanics derives from research into its
chemical composition. Biochemical assays such
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enzyme-linked immunosorbent assays are tried
and trusted tools for studying the biochemical
makeup of the ECM. By running these assays on
samples that have previously undergone
mechanical testing, relationships between
composition and biomechanics are probed.
However, biochemical assays are destructive,
prohibiting longitudinal studies of the same
sample, and do not provide information on the
spatial distribution of matrix components. By
contrast, the biophotonic tools discussed in this
mini-review offer both of these capabilities. In this
section, examples of their application to specific
problems in matrix biology are discussed.Tissue engineering applications
Raman spectroscopy has been used to study
zonal differences in the composition and
biomechanics of native and engineered articular
cartilage [56]. In this correlative study, the authors
used multivariate statistical analysis to map the rel-
ative abundances of 5 different components of car-
tilage across the different cartilage zones. By
correlating their results with a nanoindentation data-
set the authors concluded that cartilage microstruc-
ture, rather than composition had the dominant
impact on zonal biomechanics. A related study
showed that similar measurements of cartilage
composition can be acquired using SRS, with the
accompanying order of magnitude decrease in
image acquisition time [57]. Zhuo et al used a com-
bination of SHG andCARSmicroscopy to perform a
correlative study into the crosslinking process in
engineered bone constructs [46]. The authors
observed the SHG images of bone constructs
encoded information on the degree of crosslinking,
which correlated with bulk elastic modulus. Further-
more, a combination of SHG intensity and CARS
spectral measurements were shown to correlate
with crosslinking induced changes to the conforma-
tional state of the collagen triple helix. A later study
by Marturano et al showed that lysyl oxidase
induced crosslinking in embryonic chick tendon
was a strong indicator of tendon biomechanics,
and that TPEF could be used to monitor the cross-
link density in thick, living tissue [43]. Finally in this
subsection, Shaik et al adopted a multimodal
approach to imaging degradative changes in the
composition and mechanics of equine pericardium
during digestion by bacterial collagenase [58]. A
combination of Raman spectroscopy and nonlinear
microscopy allowed the authors to make longitudi-
nal measurements of the decrease in collagen con-
tent, and the corresponding changes in pericardium
mechanics during digestion.Tissue specific applications
The role played by GAGs in determining the
mechanics of arterial ECM was investigated by5
Mattson et al [59]. By analysing SHG and TPEF
images acquired from arterial tissue undergoing
biaxial tensile testing, the authors found that GAG
removal has an important impact on the passive
mechanical properties of the tissue. Specifically,
they showed that following GAG removal, collagen
fibres were straighter, and both collagen and elastin
fibres were recruited earlier duringmechanical load-
ing. In a recent study by Labroo et al, compositional
parameters derived from Raman spectroscopy
were used explain differences in the biomechanics
of fresh human and swine skin samples [60]. Here
the authors used the Raman spectra to measure
the ratio of collagen to elastin in their samples.
These compositional measurements helped explain
the variation in elastic modulus between skin sam-
ples that the authors measured by tensile testing.
Raman spectroscopy has also been used to inves-
tigate themechanical response of hard tissues such
as bone and enamel to an applied load. Pezzotti
et al used a Raman micro-spectrometer to study
the distribution of stress when teeth were subjected
to macroscopic compressive stress [61]. Shifts in
the position of the hydroxyapatite peak were used
to map the microscopic distribution of stress at the
interface between tooth enamel and dentin. The
authors observed that whilst enamel was mostly
under tension, dentin was largely found in
compression.
Applications in aging and disease
Nonlinear microscopy was used to study the
effect of aging on arterial ECM composition and
mechanics by Cavinato et al [55]. In this compre-
hensive study, the results of biaxial mechanical test-
ing showed strong correlations with data extracted
from SHG and TPEF images of murine aorta at five
different ages. For example, the authors report that
collagen fibre straightness and bundle width signifi-
cantly correlated with circumferential and axial stiff-
ness, and cell densities correlated negatively with
passive mechanical metrics in the circumferential
direction. A similar study on the compositional and
functional impacts of aging on the skin was pub-
lished by Pittet et al in 2014 [47]. The authors used
nonlinear microscopy to track changes in the con-
centration of collagen and elastin in the human der-
mis as a function of age. In this correlative study,
although they also reported significant heterogene-
ity within and between samples, the authors mea-
sured an overall decrease in relative abundance of
both collagen and elastin in skin samples from old
volunteers. These changes corresponded to mea-
sured changes in skin elasticity and elastic
recovery.
The modification of tissue biomechanics is one of
the hallmarks of cancer. In a 2018 study conducted
by Brauchle et al, compositional data extracted by
Raman spectroscopy was used to provide a key
insight into the mechanism underpinning the
increased stiffness of tumour over healthy human
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sured significantly elevated levels of GAGs in the
collagen rich regions of tumour tissue. Although
the authors show that it is collagen structure rather
than GAG concentration that dictates tumour tissue
biomechanics, they postulate that the presence of
elevated levels of GAGs may have significantly
influenced tumour collagen remodelling.The relationship between gross
sample biomechanics and
microstructure.
The combination of quantitative biomechanical
assays such as tension, compression or sheer
stress with histological imaging has provided
considerable insight into the microstructural
origins of tissue mechanics. However, this
approach is vulnerable to sampling and
processing artefacts, and only offers isolated
snapshots of tissue microstructure. Nonlinear
microscopy and Raman spectroscopy offer
similar, or in some cases superior structural
information to histological imaging, but in real-time
from thick, living tissues. Furthermore, the non-
destructive nature of these techniques allows
them to record the dynamics of structural
reorganisation in response to a change in the local
mechanical environment. In this section, we will
discuss some of the pioneering work that has
used these optical techniques to study the
relationship between tissue biomechanics and
microstructure.Tissue engineering applications
Collagen hydrogels are widely used in the field of
tissue engineering. They provide a 3D biomimetic
environment, in which the biochemical and
biomechanical composition can be tuned to meet
the requirements of specific applications. In a
series of correlative studies, Raub et al used
nonlinear microscopy to non-destructively probe
the mechanical properties of acellular [63] and cel-
lular [49] collagen hydrogels. In acellular gels, the
authors found that the impact on hydrogel storage
modulus of glutaraldehyde mediated crosslinking
correlates with mean TPEF image intensity. Build-
ing on this work, they reported that TPEF and
SHG image parameters such as skewness and
speckle contrast act as good predictors for the
Young’s modulus of cellularised collagen hydro-
gels. Finally in this sub-section, a multiscale image
correlation technique applied to SHG images was
used to report the presence of cell mediated resid-
ual stress in unloaded collagen hydrogels [64].Tissue specific studies
The relatively simple, collagen type (I) dominated
structure, and importance to physiological function6
has made tendon one of the most popular models
for studying the hierarchical relationship between
tissue mechanics and microstructure. Polarisation
sensitive SHG was used to monitor the multiscale
response of collagen fibrils from a rat tail tendon,
placed under tension [54]. The authors concluded
that under physiological loads, an increase in the
alignment of fibrils within the tendon fascicle was
the dominant contribution to sample stretching.
Interestingly, the authors also reported a decrease
in fibril alignment under super-physiological loading
conditions, suggesting some fibrils began to break
and so lose their alignment with the fascicle axis.
Later, Quigley et al used SHG to study the structural
origins of tendon biomechanics at a single fibril level
[65]. The authors observed significant decrease in
SHG intensity following mechanical rupture of iso-
lated fibrils extracted from positional tendons. In
contrast, fibrils extracted from energy storing ten-
dons did not display this behaviour, indicating a
greater resistance to molecular disorder that the
authors attribute to greater trivalent crosslinking in
energy storing tendons. SHG has also proved an
indispensable tool for uncovering the microstruc-
tural origins of changes to the biomechanical prop-
erties of tendons under disease [66,67] and repair
[68,69].
In addition to its role in protection and
thermoregulation of the body, skin must adapt to a
broad range of mechanical requirements. Raman
spectroscopy has been used to study the
multiscale response of the structural proteins of
the skin when exposed to uniaxial strain [70]. At
low strains, the authors observed that load transfer
is primarily mediated by elastin and the non-helical
domains of collagen. As the strain increases, the tri-
ple helix domain of collagen is increasingly recruited
to assist in this process. Lynch et al used nonlinear
microscopy to investigate the microstructural ori-
gins of mouse skin biomechanics [51]. The authors
show that unlike tendon, the stretch in skin cannot
be attributed to the extension of already aligned col-
lagen fibres. Instead, the authors observed that the
fraction of fibres that are aligned in the direction of
traction increases throughout the tensile testing
process. Woessner et al used a similar approach
to study collagen fibre kinematics during tensile
testing [71]. The authors observed a non-affine rela-
tionship between tissue deformation and collagen
fibre reorientation, suggesting that fibre-fibre inter-
actions play a significant role in skin biomechanics.
Another study used nonlinear microscopy to
quantify the sequential engagement of ECM
structural proteins in response to mechanical
loading [52]. Specifically, TPEF and SHG were
used to simultaneously monitor real-time changes
in the elastin and collagen networks of arterial
ECM during biaxial loading. The authors conclude
that unlike the collagen network which rapidly rea-
ligns in response to mechanical loading, the elastin
network remains largely unchanged. These results
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and impart a compressive stress on the collagen
network. The ability to study the dynamic interaction
between matrix proteins has important conse-
quences for the field of mechanobiology and numer-
ical modelling of the ECM. Building on these
findings, other groups have adopted the same com-
bination of nonlinear microscopy techniques to
study the formation of local strain fields in arterial
elastin networks [72] and to delineate layer depen-
dent differences in aortic collagen network
responses to increased luminal pressure [73–75].
Our own research group have pioneered the use
of nonlinear microscopy as a tool to probe the
response of type II collagen fibrils in articular
cartilage when placed under strain [76]. Initially,
we used the TPEF signal from live chondrocytes
to map the formation of strain fields in thick cartilage
samples placed under tension. This work detected
cellular scale anisotropies in the collagen network
that gave rise to significant variations in the distribu-
tion of strain. We followed this paper with a study
that combined images of collagen SHG with elastin
TPEF to investigate the role played by elastic fibres
in articular cartilage placed under external load [53].
Similar to the finding of the arterial studies dis-
cussed above, this study concluded that elastin in
articular cartilage exists under tension, and that
these fibres are primarily recruited when cartilage
is exposed to shear or tensile loads. Finally, in a
recent study we used polarisation sensitive to per-
form a multiscale analysis of the reorientation and
reorganisation of type II collagen under tensile
strain. The study found that the initial strain was lar-
gely taken up by fibre reorientation in the direction of
applied strain. However, at higher strains organisa-
tional changes on a molecular scale were also
observed [77].Conclusion
Raman spectroscopy and nonlinear microscopy
can be used to measure sub-micron resolution
maps of the adaptations in ECM structure and
composition occurring during changes in the local
mechanical environment. An exciting aspect of
these and other biophotonic techniques is that
they are rapidly evolving. Researchers around the
world are working on methods to allow images to
be acquired faster [78], from deeper below the sam-
ple surface [79], and at higher resolution [80]. In
combination with the more established tools of
matrix biology, these techniques have the potential
to drive breakthroughs in high impact challenges in
biology and medicine. For example, new insights
into the casual relationship between chondrocyte
metabolism and compromised matrix mechanics
will be key to a better understanding of the patho-
genesis of osteoarthritis. Furthermore, progress in
the development of functional biomaterials depends
on our ability to understand and reproduce the hier-7
archical origins of tissue biomechanics. Finally,
accurate characterisation of the cellular scale
heterogeneity in the ECM’s response to a mechan-
ical load is vitally important for advancing our under-
standing of the mechanisms underpinning
mechanotransduction.
To fully characterise the complex, hierarchical
biomechanics of the ECM, the symbiosis between
experiment and computational simulation must be
exploited. Currently, there are some examples in
the literature of key parameters for constitutive in
silico models of the ECM being calibrated using
data acquired by optical imaging and
spectroscopy [81–83]. In the future however, as
the adoption of optical techniques becomes more
widespread, we anticipate this approach will
undergo significant growth, and so support a more
comprehensive understanding of ECM
biomechanics.
Finally, the ability to non-destructively image
thick, living tissue without exogenous contrast
means the optical techniques discussed in this
mini-review can be readily deployed in vivo. The
development of clinically compatible, handheld
and endoscopic biophotonic instruments is a
vibrant and rapidly advancing field [84–86]. Today,
the quality of the data acquired by these instru-
ments all but matches those acquired by traditional
lab-based systems, raising the prospects for a new
era of investigation into in vivo biomechanics. The
opportunity to study the ECM response to physio-
logical loads in vivo will only further advance our
understanding of matrix biomechanics, and could
also lead to breakthroughs in diagnosis and treat-
ment of matrix pathologies.
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